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This research addressed the identification and distribution of selected ERI fungi within
two greens at Mississippi State University Golf Institute using novel molecular methods, spatial
relationships of fungal distribution and turf health assessments, and fungal sensitivity to selected
fungicides. A complex of ERI fungi was identified in both greens. Gaeumannomyces graminis,
Gaeumannomyces sp., and Candidacolonium cynodontis were randomly distributed based on
spatial autocorrelation in both green samplings, while Magnaporthiopsis cynodontis clustered in
Green 2 for both samplings and in Green 12 of the 2018 sampling. Clustering of turf health
values was variable by month in each green, and no spatial relationship was determined between
turf health values and fungal presence. Five ERI fungal isolates were exposed to four fungicide
classes with relative growth present at 100 ppm. The EC50 values for the selected fungi ranged
from 2.33 to >100 ppm and suggests a lack of sensitivity to the selected fungicides.
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CHAPTER I
INTRODUCTION
History of Ultradwarf Bermudagrass
Creeping bentgrass (Agrostis stolonifera L.) has been the premier putting surface for golf
courses across the United States for many years (Lowe and Foy, 2012). In the southeastern
United States, creeping bentgrass tends to decline in the summer months when heat, humidity,
and traffic by golfers are high (Lowe and Foy, 2012). Keeping this grass alive during these stress
periods is a concern for golf course superintendents who choose to manage creeping bentgrass in
this environment. A trend has occurred over the last 20 years at golf courses throughout the
Southeast to convert from creeping bentgrass to ultradwarf bermudagrass (UDB) putting greens
(Hartwiger, 2000; Hartwiger, 2007; O’Brien, 2009). The lineage of UDB is largely based upon
research conducted by Dr. Glenn Burton at the University of Georgia, Tifton with the exception
of triploid hybrid bermudagrasses researched and developed by Mr. Wayne Philley at
Mississippi State University. In 1946, Dr. Glenn Burton was issued a $500 annual grant by the
United States Golf Association to begin performing turf breeding research to improve
bermudagrasses in the southeastern United States (O’Brien, 2012). In 1956, Dr. Burton’s first
successes at a putting surface replacement was a hybrid bermudagrass known as ‘Tifgreen’
(Tifton 328) (Foy, 1991). In 1965, ‘Tifdwarf’ was developed by Dr. Burton from a mutant strain
selected from Tifgreen (Foy, 1991). This process of discovering Tifdwarf from within a Tifgreen
sward sparked an interest in mutation selections within the turfgrass community. Mutations may
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naturally occur or may be induced through mutagenic agents to develop a grass with more
desirable phenotypic characteristics (O’Brien, 2012). The UDB TifEagle was selected from
Tifgreen via Cobalt-60 radiation in Dr. Wayne Hanna’s research program (Hanna and Elsner,
1999). Today the term ultradwarf is used to describe the appearance of mutated turfgrasses with
origins from either Tifgreen or Tifdwarf as turf whose growth habit includes short leaves and
internodes, traits that are conducive to lower mowing heights (Reasor et al., 2016). The UDB
cultivars that have replaced creeping bentgrasses in the southeastern United States have
originated from either Tifgreen or Tifdwarf and include: ‘Champion’, ‘TifEagle’, ‘MiniVerde’,
‘FloraDwarf’, ‘MS-Supreme’, and other recent selections as of 2019 (Reasor et al., 2016; Roche
and Loch, 2005). Different varieties of UDB provide a new putting surface option for
superintendents in the Southeastern U.S. that is acclimated to the environment and can compete
with the playability of bentgrass greens (Unruh and Davis, 2001). Even so, with UDB being
more suited to a warmer climate, the challenges they present in terms of management are on par
with creeping bentgrass. In place of the threat of plant death during summer months in the South,
the challenge has become thatch management, which is synonymous with the presence of
ectotrophic root-infecting fungi (ERI).
The ERI fungi and other facultative parasites reside in the thatch of UDB. These ERI
fungi incite root diseases of cool- and warm-season turfgrasses in putting greens, athletic fields,
and residential and commercial turf settings. (Smiley et al. 2005). Understanding how ERI fungi
may affect UDB has become a critical part of managing putting greens in the southeastern
United States.
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Ectrotrophic Root-Infecting Fungi
Ectotrophic root-infecting fungi are soil-borne fungi that infect multiple grain crops and
grasses (Clarke and Gould, 1993). Fungal colonization of the plant occurs in the roots by darkly
pigmented, runner hyphae (Clarke and Gould, 1993; Tredway, 2006). Other distinguishable
characteristics of ERI fungi include simple or lobed hyphopodia that serve as infection structures
on stolons or leaf sheaths. Growth cessation structures may be found on roots of infected plants
and develop as a result of the cessation of hyphal penetration by the pathogen (Landschoot,
1993). Gaeumannomyces graminis (Sacc.) Arx and D. Olivier var. graminis (Gg) is an ERI
fungus that has been identified as the causal agent of bermudagrass decline but has been
suggested as part of a complex of ERI fungi that may be involved in pathogenesis (Elliott, 1991;
Elliott and Landschoot, 1991). Bermudagrass decline occurs in warm-season turfgrasses during
the summer or periods of high temperature and humidity (Elliot, 1991; Couch, 1995). Foliar
symptoms develop along the margins of putting surfaces in small irregularly shaped patches
(Elliott and Landschoot, 1991). Roots appear off-white to dark brown in color when chlorosis
begins in the leaves (Smiley et al., 2005). Progression of foliar symptoms manifests through
patches coalescing to form larger patches of infected turf or through a general thinning (Elliott
and Landschoot, 1991). Root symptoms will be black, necrotic, and brittle in advanced stages of
the disease (Smiley et al., 2005). Symptoms occur as a result of direct parasitism of the causal
agent G. graminis, which is known to be highly destructive (Smiley et al., 2005; Landschoot and
Jackson, 1990; Wetzel et al., 1996).
Recent research supports Elliott and Landschoot’s (1991) hypothesis that a complex of
ERI fungi, including G. graminis, may contribute to BD (Vines, 2015). The ERI pathogens
suggested to play a role in BD are G. graminis, and three undescribed ERI fungi,
3

Gaeumannomyces sp., Magnaporthiopsis cynodontis, associated with warm-season turfgrass, and
a novel genus and species of Candidacolonium cynodontis (Vines, 2015). It has been suggested
that when plant health is compromised, colonization of the roots by ERI fungi can occur and lead
to foliar symptoms in the turf canopy (Garrett, 1970; Landschoot et al., 1993). These symptoms
most commonly occur under periods of high stress. Stresses that could influence the appearance
of disease symptoms include, but are not limited to, mechanical or human traffic, excess heat,
chemical phytotoxicity, shade, and drought (Davis and Dernoeden, 1991; Smiley et al., 1985a;
Smiley et al., 1985b). Plant stress may be reduced through cultural practices, which prove vital in
the control of bermudagrass decline in UDB putting greens (Hollingsworth et al., 2005; Vines,
2015).
Spatial Technologies
Previous methods of field plot establishment involved nails and string to lay out a grid
that could be referenced throughout an experiment. This method required a rigorous setup
procedure followed by continual maintenance of field plot boundaries through repeat
applications of paint. These methods are extremely useful to determine location over a period of
time; however, they also present a challenge when field plots are located on putting greens of a
fully operational golf course. With daily play, obstructions due to field plot maintenance may
interfere with the golfer’s experience, as well as negatively impact putting green aesthetics.
While applying concepts derived from previous methods of field plot establishment, newer
technologies have been incorporated into surveying areas that allow the mapping of an area with
no physical or aesthetic distractions on a putting green. Highly accurate geolocation systems can
be used to identify site-specific locations within an area that can be revisited over time. Accuracy
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can be sub cm using real-time kinematic techniques that rely upon transmission with satellitebased positioning systems (Langley, 1998).
Unmanned aerial vehicles (UAVs) are currently utilized to a greater extent in commodity
agriculture research but are trending into the study of specialty crops such as turfgrass. The UAV
technology is increasing in diverse research applications such as studying ecological patterns that
once were not readily accessible (Anderson and Gatson, 2013). Aerial imagery is currently the
primary application of UAVs (Pajares, 2015). An example of this application is the generation of
spectral reflectance data. MicaSense (Seattle, WA) offers a multispectral camera that uses red,
blue, green, red-edge, and near-infrared color images that when combined, creates various
reflectance images. This technology is routinely utilized in agronomic research and production to
monitor plant health (Zhou et al., 2016). Only recently has UAV technology been applied to
monitoring turfgrass systems (Booth, 2018; Caturegli et al., 2016). A common reflectance
spectrum that is used in turf to represent turf health is normalized difference vegetative index
(NDVI) (Fenstermaker-Shaulis, 1997). In terms of turfgrass management, multi-spectral
reflectance can provide useful information for disease and weed management and overall turf
health.
ArcGIS is a geographical information system (GIS) tool used to layer data such as NDVI
within an area or a specific point (Scott, 2010). A simple construct within ArcGIS is a shape file
that is used to represent an area of interest and can provide details from general to highly
specific. Within shape files an assortment of tools can be used to compile data sets for analysis
(Scott, 2010). Using ArcGIS as a platform to store data corresponding to an area of interest,
other statistical analyses may be performed with GeoDa (The University of Chicago, Chicago,
Illinois), an open source software program. GeoDa operates within R statistical systems and
5

provides a secondary method outside of ArcGIS to run statistics on different data sets to
determine geospatial relationships (Anselin et al., 2006).
Polymerase Chain Reaction and Quantitative Polymerase Chain Reaction
Polymerase chain reaction (PCR) procedures have been used in scientific analysis of
biological materials since their discovery in 1983 (Mullis et al., 1986; Erlich et al., 1991). PCR
has played an important role in promoting scientific discovery through targeting and multiplying
specified portions of a genome (Bartlett and Stirling, 2003; Erlich et al., 1991). In turf, PCR has
become an important tool used in combination with sequencing to identify fungal specimens
based on small portions of a gene within a fungal genome (Chelius and Triplett, 1999; Innis et
al., 2012; Vines, 2015). A disadvantage of PCR-based approaches is the identification of
multiple pathogens within a sample of total genomic DNA (gDNA). When amplicons generated
through PCR are sequenced, the fungus with the greatest amount of gDNA is the one that is
sequenced and subsequently identified through The National Center for Biotechnology
Information (NCBI) database (a reservoir of gene sequences that identify all biological
specimens within the database). For example, Pythium spp. may be present within a sample of
DNA without detection if another fungus is present in larger quantities within the same sample.
Scientific advancements, based off the principles of PCR, have led to quantitative PCR (qPCR)
or real time PCR which focuses on identifying specific organisms that may be present within a
sample of DNA (Postollec et al., 2011). The qPCR method allows the identification of multiple
organisms within a single gDNA sample using species-specific primers and probes, and it is
quicker and less expensive in the long term (Hagege, 2007). With the ability to identify multiple
pathogens at once and in real time, qPCR could change the way fungal populations are observed
within different environments.
6

Fungicide Options in Ectotrophic Root-Infecting Pathogen Control
Most diseases caused by ERI fungi can be controlled with cultural options. When those
cultural options are no longer effective or cannot be considered a viable option because of
urgency of disease progression, fungicides are used. The most common patch diseases caused by
ERI fungi on both warm-and cool-season turfgrasses are managed with similar fungicide
chemistries. The four modes of action most applied to control ERI fungi and the diseases they
incite are strobilurins, demethylation inhibitors (DMIs), benzimidazoles, succinate
dehydrogenase inhibitors (SDHI), or combinations of chemistries within these four categories.
Strobilurins are quinone outside inhibiting (QoIs) fungicides that affect fungal respiration by
targeting the Qo site in the cytochrome b gene within complex III of the fungus (Bartlett et al.,
2001; FRAC, 2019). Like QoIs, SDHIs affect fungal respiration but through interference of
succinate-dehydrogenase within complex II (Avenot and Michailides, 2010; FRAC, 2019). The
DMI class of fungicides disrupts sterol biosynthesis, a primary constituent of fungal cell
membranes, and benzimidazoles disrupt the β-tubulin assembly in mitosis (FRAC, 2019).
Chemical management strategies that involve ERI-related diseases are all very similar.
Bermudagrass decline is managed with QoI and SDHI formulations, spring dead spot with DMI
and SDHI fungicides, necrotic ring spot with QoIs and DMIs, take-all patch with DMIs, and
summer patch with all four modes of action. Despite the broad spectrum of fungicide chemistries
labeled for ERI-related turfgrass diseases, disease suppression remains inconsistent.
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CHAPTER II
IDENTIFICATION AND DISTRIBUTION OF ECTOTROPHIC ROOT-INFECTING FUNGI
WITHIN ULTRADWARF BERMUDAGRASS PUTTING GREENS
Introduction
Bermudagrass decline (BD) is a destructive disease that occurs on ultradwarf
bermudagrass (UDB) putting greens (Elliott, 1991; Smiley et al., 2005). The causal agent of BD
was identified as Gaeumannomyces graminis (Sacc) Arx & Olivier var. graminis (Elliott, 1991).
In 2015, novel ectotrophic root-infecting (ERI) fungi were identified at Mississippi State
University (Vines, 2015). These fungi were thought to form a complex with G. graminis and
may contribute to BD. We have focused our research efforts on three novel ERI fungi that
include an undescribed Gaeumannomyces sp., Magnnaporthiopsis cynodontis P.L. Vines & M.
Tomaso-Peterson sp. nov., and the novel genus Candidacolonium cynodontis (Vines et al., 2020;
Vines, 2015). Research by Bronzato-Badial et al. (2020) has confirmed these three fungi, in
concert with G. graminis, form a complex or reside alone in UDB roots. Based on the previously
mentioned research, we know these ERI fungi are associated with the roots of UDB greens;
however, the extent of their distribution within a green is not understood.
Gaeumannomyces graminis was previously described as the causal agent of BD (Elliott,
1991). In axenic culture, the pigment of G. graminis is dark and grows relatively quickly when
compared with the novel ERI fungi. The growth rate of G. graminis is 6 mm per day. It produces
a conspicuous infection structure, hyphopodia, that is deeply lobed and averages 25.1 µm long ×
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21.5 µm wide. Pathogenicity studies indicate G. graminis causes root and stolon necrosis and is
considered virulent to UDB roots (Fig. 2.1) (Vines, 2015; Stephens et al., 2019).

Figure 2.1

Colony morphology and virulence of Gaeumannomyces graminis. Left = colony
morphology and Right = pathogenicity study conducted by Vines (2015).

Gaeumannomyces sp. share similar morphological characteristics to G. graminis with the
exceptions of a reduced growth rate and more robust mycelial development that may be uniform
or non-concentric at the margins of colony growth (Fig. 2.2). The hyphopodia produced by G. sp.
is deeply lobed and slightly larger than G. graminis. In contrast to G. graminis, the virulence of
G. sp. is considered low to moderate on UDB roots (Fig. 2.2) (Vines, 2015; Stephens et al.,
2019).
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Figure 2.2

Colony morphology and virulence of Gaeumannomyces sp. Left = colony
morphology and Right = pathogenicity study conducted by Vines (2015).

The pigment of C. cynodontis in axenic culture is bright white but darkens as it matures
(Fig. 2.3). Radial growth averages 3.6 mm per day and the hyphopodia of C. cynodontis are
small (11.6 µm long × 8.8 µm wide) and mitten shaped. C. cynodontis is considered highly
virulent based on the black necrotic roots and stolons observed in pathogenicity studies (Fig. 2.3)
(Vines, 2015; Stephens et al., 2019).
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Figure 2.3

Colony morphology and virulence of Candidacolonium cynodontis. Left = colony
morphology and Right = pathogenicity study conducted by Vines (2015).

Magnaporthiopsis cynodontis is ubiquitous in nature and distinctly different than M.
poae, a pathogen of cool-season turfgrasses (Bronzato-Badial et. al, 2020; Clark and Gould,
1993; Vines, 2015). The growth rate of M. cynodontis is 3 mm per day in axenic culture and its
pigment varies from light buff to olive-brown, based on the isolate (Fig. 2.4). Virulence of M.
cynodontis is considered low to moderate based on previous pathogenicity studies (Fig. 2.4)
(Vines, 2015; Stephens et al., 2019).
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Figure 2.4

Colony morphology and virulence of Magnaporthiopsis cynodontis. Left = colony
morphology and Right = pathogenicity study conducted by Vines (2015).

Mississippi State University Golf Institute (MSUGI) served as the location for this study.
This is a public golf course that experiences an estimated 17,000–20,000 rounds of golf annually
as it serves the faculty, staff, and students of Mississippi State University. The greens were
constructed in 1987 under modified United States Golf Association specifications (USGA Green
Section Staff, 1960). The root zone mixture for construction was an 85% sand and 15%
composted rice hull blend with a particle size distribution of 11.5% 1.0–0.5 mm particles, 61.5%
0.5–0.25 mm particles, and 21.7% 0.25–0.15 mm particles. The pH for the greens from
construction to present has been slightly acidic ranging from 6.2–6.8 (personal communication,
P. Sneed). In 2003, the putting greens were surfaced with MS-Supreme UDB through a modified
no-till renovation. The top two inches of turf was removed, followed by two herbicide
applications to remaining exposed rhizomes, backfilled with properly sized sand to grade, and
then sprigged (personal communication, P. Sneed). The characteristics of MS-Supreme UDB
include high shoot density, short leaf length, narrow leaf width, and an extremely prostrate
16

growth habit (Krans et al., 1999). These characteristics make the variety ideal for a putting green
grass. The course layout is dynamic with green locations varying in environments. Different
elements of a green’s environment include elevation, full sun/shade, being surrounded by trees
vs no trees, located near wetlands, and variable green slope. The health of each green varies
based on environment. In cooperation with Mr. Pat Sneed, CGCS, this study was conducted on
the best and the worst greens in terms of turf health and BD symptoms. Green 2 was considered
the healthiest of the 18 greens, showing no symptoms of BD and overall, very healthy. It is
located on an elevated area in full sun with no trees restricting air flow. Conversely, the most
problematic green with chronic symptoms of BD was Green 12. This green is situated downhill
of the fairway and surrounded by trees that restrict air flow and create shade issues impeding
optimal bermudagrass growth. Greens 2 and 12 have contrasting environments which impact turf
health and make them ideal greens for this study.
The objective of this study was to determine the fungal distribution of G. graminis, G.
sp., M. cynodontis, and C. cynodontis in BD symptomatic/asymptomatic greens and assess turf
health during corresponding months of the BD disease cycle.
Materials and Methods
Sampling methodology, root collection, and root architecture
A summer core aerification was conducted in July 2017 and 2018 on putting Greens 2
and 12 at MSUGI near Starkville, MS. Composite samples generated from turf cores provided
root material for use in determining the presence of Gaeumannomyces graminis (Gg) isolate
DR1-4, Gaeumannomyces sp. (G sp.) isolate GSGC15-4, Magnaporthiopsis cynodontis (Mc)
isolates RS7-2 and RRFCHMP1-3, and Candidacolonium cynodontis (Cc) isolate HP24-3 within
designated areas of interest (AOI) on each putting green in 2017 and 2018 (Vines, 2015).
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Virtual maps for each green were generated to establish AOIs for sampling and data
collection by locating each associated latitude and longitude. This method provided consistent
assessments to the same area over time, while also eliminating physical and aesthetic
disturbances on the putting greens. ArcGIS maps were created by loading an imagery basemap
and clipping an outline of each green, then adding a fishnet grid to each green to display AOIs on
2.7 m centers within the outline of each green. The longitude and latitude were fixed for each
point, and the shape files, with geographic location points designated within each green, were
transferred to a Trimble Geo 7x (Sunnyvale, CA) handheld high accuracy GPS unit. The GPS
unit recreated the maps in real time by locating each point corresponding to the fishnet grid
points within each green. In order to locate the points accurately, a triangulation method was
used to avoid error in satellite connectivity with the GPS unit. The accuracy of the GPS unit is
directly connected to the number of satellites connected to the unit. Layout of each green map in
the field began by locating a single designated point (point of origin) within the fishnet grid that
corresponds with the western-most point on the southern-most line within each green after core
aerification is complete. With the point of origin established and marked with a surveyor’s flag, a
triangulation method was used to find the farthest easting point and the farthest northing point
relative to the point of origin (Fig. 2.5). Once three points are established, a measuring tape was
used to layout a line from the point of origin to the northing point and establish all points every
2.7 m corresponding with the fishnet grid along this line. The process was repeated to establish
all points from the point of origin along the easting line. The establishment of northing and
easting lines created a 90º angle. A secondary northing line was established parallel to the
original northing line 2.7 m to the west (Fig. 2.6). To find the remaining points within the fishnet
grid, a measuring tape was laid out east to west across points established on both northing lines
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and each point was marked east to west every 2.7 m, which corresponded to the virtual map
created through ArcGIS (Fig. 2.7). Once all points were established, a 2.4 m grid was used to
overlay each designated point to establish an AOI. This 2.4 m grid accounted for slight changes
in orientation around each point thus eliminating encroachment into adjacent AOIs. Within the
2.4 m grid, aerification cores were raked to the center to create a composite turf core sample per
AOI. A 1.0 L sample of cores were bagged for further processing in the lab (Fig. 2.8).
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Figure 2.5

The triangulation method of locating coordinates. Establishment of northing and
easting lines from the point of origin (indicated by the orange dot) to the other
points on the triangle will be completed using coordinates of the three points and
measuring tape.
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Figure 2.6

The establishment of the secondary northing line. A) establishing a secondary
northing line by laying out a measuring tape at a length of 5.4 m from the point
directly above the point of origin (orange point) to the point directly east of the
point of origin. The tape will be stretched square and marked at 2.7 m from the
points. B) This process will be repeated until each point on the north line directly
east of the point of origin is established.
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Figure 2.7

Establishment of areas of interest on a putting green. With both northing lines
established, easting lines will be established by overlaying the measuring tape on
the two corresponding points from both northing lines. In this manner, the rest of
the point locations on the green will be located.
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Figure 2.8

Core aerification sampling in July of 2017.
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From the composite core samples representing AOIs on both greens, a resulting
composite root sample was used for analyses. To obtain an adequate sample of roots from the
turfgrass cores, the foliar material and thatch-mat layer were separated from the root zone mix
(sand and organic matter) using scissors or a scalpel. Any remaining roots attached to the foliar
and thatch-mat were removed using tweezers. The collection of root zone mix was shaken (400
rpm) in an aluminum pan sitting on top of a HT counter-top shaker (ATR, Laural, MD) to
facilitate the separation of roots from loose sand and cores. Once loose soil-root material was
achieved, the material was placed into a #7 U.S. Standard sieve (W.S. Tyler Co., Menton, OH) to
separate soil and root material. From this, roots were hand-picked using tweezers until a
composite root sample was achieved for each AOI on both greens. Composite root samples were
stored in appropriately labeled plastic bags at 4ºC.
Each composite root sample was imaged using WinRhizo Pro (Regent Instruments,
Quebec, Canada) to determine total root length (cm) and total root surface area (cm2). First, roots
were cleaned using a 2.5% sodium hexametaphosphate solution to remove extraneous organic
matter and sand particles attached to the roots. Cleaned roots were floated in water contained
within a WinRhizo transparent plastic tray. Floating roots were separated to avoid overlap of root
material. Upon completion of image analyses, excess moisture was removed from the composite
root sample using paper towels and placed on semi-moist filter paper in plastic bags and stored at
4ºC. Data across years within a green was then analyzed using PROC ANOVA in SAS 9.4 with
Tukey’s HSD test for means separation with an α=0.05.
Identification, distribution, and inoculum density of select ectotrophic root-infecting fungi
Total gDNA was extracted from each composite root sample by using a Qiagen DNeasy
Powersoil Kit (Hilden, Germany). Procedures followed the quick start protocol with
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modifications that included the use of a mortar and pestle with liquid nitrogen to freeze and grind
root material into a fine powder, reducing the amount of root material to 0.15 g, and increasing
the concentration of DNA in the final step by reducing the volume of the elution buffer by 50%.
The gDNA was extracted from three biological replicates from each composite root sample
within an AOI. This provided data that represents the AOI. After extraction, each biological
replicate was analyzed to determine the concentration of gDNA by using a NanoDrop 2000
(Waltham, MA). The elution buffer was used to recalibrate the NanoDrop 2000 to achieve
accurate results. Once gDNA concentrations were determined for each biological replicate, the
gDNA was diluted to 1 ng.
Real time PCR or qPCR was performed with the gDNA extracted from each composite
root sample. Two master mixes were designed specifically for two different assays (BronzatoBadial et al., 2020). To identify Gaeumannomyces spp., Assay I included a 10 µl buffer (Thermo
Fisher Scientific Baltics UAB, Vilnius, Lithuania), 0.25 µl of primer developed from the MCM7
specific for Gg and Gx, 0.25 µl of EF1-a primer of UDB root, 0.5 µl HEX-colored probe
specific to Gx, 0.5 µl FAM-colored probe specific to Gg, 0.5 µl TAMRA-colored probe specific
to UDB root, 2 µl of total genomic gDNA per root sample, and 6µl of mega-purified water for a
final volume of 20 µl. Each reaction was duplicated and placed into a 96 well plate (Thermo
Fisher Scientific, Waltham, MA).
Assay II was developed to identify Mc and Cc and consisted of a master mix of 10 µl
buffer, 0.3 µl of RUBP2 primer for Mc, 0.3 µl of MCM7 primer for Cc, 0.3 µl of EF1-a primer
of UDB root, 0.5 µl HEX-colored probe specific to Mc, 0.5 µl FAM-colored probe specific to
Cc, 0.5 µl of TAMRA-colored probe specific to UDB root, 2 µl of total genomic DNA per root
sample, and 5.6 µl of mega-purified water for a final volume of 20 µl. Each reaction was
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duplicated and placed into a 96 well plate (Thermo Fisher Scientific, Waltham, MA). Plates were
centrifuged directly after adding the DNA to thoroughly mix with the master mix, and before
adding the mega-pure water for a final volume of 20 µl. The 96 well plate was loaded into the
StepOnePlus Real-Time PCR System (Foster City, CA) and operated according to a quantitative
standard curve reaction using TaqMan® reagents (Thermo Fisher Scientific, Waltham, MA).
Each plate was set up according to the assay such that assay I targets will be defined based on
probe color. Positive identification of G sp. exhibited the JOE fluorescence that corresponds with
HEX color, Gg exhibited the FAM fluorescence, and UDB root exhibited the TAMRA
fluorescence. In assay II, positive identification of Mc exhibited the JOE fluorescence, Cc
exhibited the FAM fluorescence, and UDB root exhibited the TAMRA fluorescence. These
targets were then assigned to all wells within the plate including the two positive controls. Using
the quantitative standard curve analysis, both assays were run based on a custom run method.
The first stage was the holding stage, which allows the StepOnePlus Real-Time PCR System to
warm up. Once the machine is warmed up, there was a polymerase activation period at 95ºC for
10 min followed by 40 cycles of 95ºC for 15 sec and 63ºC for 90 sec. One 96 well plate
completed a run in approximately 90 min. Results from qPCR were used to determine frequency
of occurrence of each fungus within a green for each year, as well as inoculum density that was
reported as a ratio of average fungal gDNA copies to average root gDNA copies (BronzatoBadial et al., 2020). The inoculum density (number of DNA copies) for the selected ERI fungi in
a green within a year and inoculum density of each ERI fungus within a green across years were
analyzed using PROC GLM in SAS 9.4 with Tukey’s HSD test for means separation with an α =
0.05.
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Seasonal Plant Health Assessments
Turf health for each AOI was determined through normalized difference vegetation index
(NDVI) and visual turf quality (VTQ) assessments. A NDVI value was assessed monthly for all
AOIs on Greens 2 and 12 at MSUGI using images captured from an unmanned aerial vehicle
(UAV). Monthly flights occurred in the fall, spring, and summer following each July
aerification. The months selected included September, October, April, May, and June,
representing the growing seasons of 2017–2018 and 2018–2019. The months of September,
October, and April corresponded with the disease cycle of BD in both the fall and spring,
whereas turf health recovery in damaged areas under optimal turf growth conditions occurred in
May and June.
A DJI Phantom 4 Pro® (Nanshan District, Shenzhen, China) UAV was used for all
flights. Images for each flight were captured using a MicaSense RedEdge™ 3 (Seattle,WA)
multispectral camera. This camera uses 5 narrow spectral bands. The blue band has a center
wavelength of 475 nm at a bandwidth of 20 nm, the green band has a center wavelength of 560
nm at a bandwidth of 20 nm, the red band has a center wavelength of 668 nm at a bandwidth of
10 nm, the near infrared band has a center wavelength of 840 nm at a bandwidth of 40 nm, and
the red edge band has a center wavelength of 717 nm at a bandwidth of 10 nm. The equation
used to determine NDVI is (Rn - Rr)/(Rn + Rr) where Rn is near infrared and Rr is red (Hunt et al.,
2005). Monthly images for each green were layered around fixed objects placed at the three
points referenced in Fig. 5 to keep the orientation of a green consistent among all flights. Ratings
of VTQ were assessed monthly for all AOIs on both greens on the same day NDVI was recorded
using a scale of 1 to 9 where 1 represents poor VTQ and 9 represents excellent VTQ in terms of
color, density, and uniformity (Morris and Shearman, 1998). Monthly mean VTQ and NDVI
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ratings for each green were analyzed using PROC ANOVA in SAS 9.4 with Tukey’s HSD test
for means separation with an α = 0.05.
Spatial autocorrelation analyses
The identification and inoculum density of the selected ERI fungi based on qPCR results
were used in determining spatial autocorrelation of each fungus within a green for each year both
globally and locally (Anselin et al., 2006). Global statistics were obtained using Moran’s I scatter
plots with significance determined at 999 permutations. Local indicators of spatial
autocorrelation (LISA) were obtained by LISA significance maps. Moran’s I values referred to
the global statistic (AOIs within a green); whereas, LISA maps indicated which AOI is attributed
to the global statistic. Two LISA maps were studied, LISA significance maps and LISA cluster
maps. LISA significance maps indicated areas of significance on three levels: 0.05, 0.01, and
0.001. LISA cluster maps corresponded with LISA significance maps and indicated local areas
of clustering based on a neighborhood effect. Contiguous areas of an AOI were considered
neighbors and values in these areas determine if that AOI will cluster. Four relationships were
shown with LISA cluster maps: Low-low, high-high, low-high, and high-low. Low-low and
high-high indicated clustering whereas low-high and high-low indicated spatial outliers for the
assigned value being assessed.
Results
Sampling methodology, root collection, and root architecture
The number of AOIs present on Green 2 (asymptomatic for BD) consisted of 68 AOIs
and Green 12 (BD) had 66. These AOIs remained consistent in 2017 and 2018. The mean
composite turf core sample for each AOI was approximately 454 g. The resultant composite root
sample for each AOI used for DNA extraction was > 0.45 g.

28

Mean root length significantly decreased from 2017 to 2018 for Green 2; however, the
average root surface was greater in 2018 (Table 2.1). The mean root length and average root
surface area increased from 2017 to 2018 for Green 12 (Table 2.1).
Table 2.1

Root length and surface area of composite turf core samples for Greens 2 and 12 in
2017 and 2018.

--------------- Green 2 --------------------------------- Green 12 -----------------Length (cm)
Surface Area (cm2)
Length (cm)
Surface Area (cm2)
2017
1464.0 az
974.2 b
861.7 b
1016.1 b
2018
846.5 b
1158.1 a
1180.5 a
1219.3 a
z
Means within column followed by the same letter are not significantly different according to
Tukey’s HSD p ≤ 0.05.

Identification, distribution, and inoculum density of select ectotrophic root-infecting fungi
Green 2
Gaeumannomyces graminis
Gaeumannomyces graminis was identified in 26% of AOIs with an inoculum density of
0.76:1 in 2017 but was not identified in any AOI in 2018. In total, G. graminis was identified in
only 26% of AOIs in this study (Fig. 2.9). The inoculum density of G. graminis was similar to
the other selected ERI fungi in Green 2 for both years (Table 2.2). The inoculum density of G.
graminis did not differ in Green 2 from 2017 to 2018 (Table 2.3). Gaeumannomyces graminis
was identified in six different fungal complexes in 2017 (Fig. 2.10; Table 2.4). Spatial
autocorrelation for the distribution and inoculum density of G. graminis was random (Table 2.5).
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Figure 2.9

The fungal distribution of Gaeumannomyces graminis within Green 2 in 2017
(left) and 2018 (right). The yellow squares indicate areas of positive identification.

30

Figure 2.10

Ectotrophic root-infecting fungal complexes identified in 2017 and 2018 samplings in Green 2. Gg = Gaeumannomyces
graminis, Gsp = Gaeumannomyces sp., Mc = Magnaporthiopsis cynodontis, and Cc = Candidacolonium cynodontis.
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Gaeumannomyces sp.
Gaeumannomyces sp. was identified in 78% of AOIs with an inoculum density of 0.74:1
in 2017 and in 97% of AOIs with an inoculum density of 1.88:1 in 2018. In total,
Gaeumannomyces sp. was identified in 100% of AOIs across both growing seasons (Fig. 2.11).
The inoculum density of G. sp. was similar to the other selected ERI fungi in 2017 and 2018 and
did not differ between growing seasons (Tables 2.2 & 2.3). Gaeumannomyces sp. was identified
in five different fungal complexes across both growing seasons (Fig. 2.10; Table 2.4). The
distribution and inoculum density of G. sp. was random based on spatial autocorrelation (Table
2.5).

Figure 2.11

The fungal distribution of Gaeumannomyces sp. within Green 2, 2017 (left) and
2018 (right). The blue squares indicate areas of positive identification.

Candidacolonium cynodontis
Candidacolonium cynodontis was identified in 50% of AOIs with an inoculum density of
3:l in 2017 and identified in 51% of AOIs with an inoculum density of 3.41:l in 2018. In total, C.
cynodontis was identified in 76% of AOIs across both growing seasons (Fig. 2.12). The
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inoculum density of C. cynodontis was similar to the other selected ERI fungi in 2017 and 2018
and also did not differ between 2017 and 2018 (Tables 2.2 & 2.3). Candidacolonium cynodontis
was identified in five different fungal complexes across both growing seasons (Fig. 2.10; Table
2.4). Spatial autocorrelation for the distribution and inoculum density of C. cynodontis was
random (Table 2.5).

Figure 2.12

The fungal distribution of Candidcolonium cynodontis within Green 2, 2017 (left)
and 2018 (right). The purple squares indicate areas of positive identification.

Magnaporthiopsis cynodontis
Magnaporthiopsis cynodontis was identified in 90% of AOIs with an inoculum density of
0.006:1 in 2017 and in 100% of AOIs with an inoculum density of 0.019:1 in 2018. In total, M.
cynodontis was identified in 100% of AOIs across both growing seasons (Fig. 2.13). The
inoculum density of M. cynodontis did not differ compared to the other selected ERI fungi in
2017 and 2018 (Table 2.2). The inoculum density of M. cynodontis was lower in 2017 versus
2018 (Table 2.3). Magnaporthiopsis cyndontis was identified in seven different fungal
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complexes across both growing seasons (Fig. 2.10; Table 2.4). Spatial autocorrelation for the
distribution and inoculum density of M. cynodontis was clustered in 2017 and 2018 (Table 2.5).

Figure 2.13

The fungal distribution of Magnaporthiopsis cyndontis within Green 2, 2017 (left)
and 2018 (right). The orange squares indicate areas of positive identification.
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Table 2.2

Inoculum density of select ectotrophic root-infecting fungi in Green 2 in 2017 and
2018.

Gaeumannomyces graminis
Gaeumannomyces sp.
Candidacolonium cynodontis
Magnaporthiopsis cynodontis

Table 2.3

---------- 2017 ---------55,060.0
54,535.0
62,596.0
127.0

------------ 2018 -----------0.0
142,947.0
42,635.0
478.0

The inoculum density of select ectotrophic root-infecting fungi in Green 2 in 2017
and 2018.

Growing Gaeumannomyces Gaeumannomyces Candidacolonium Magnaporthiopsis
Season
graminis
sp.
cynodontis
cynodontis
2017
55,060.0
54,535.0
62,596.0
127.0 bz
2018
0.0
142,947.0
42,635.0
478.0 a
z
Means within column followed by the same letter are not significantly different according to
Tukey’s HSD p ≤ 0.05.
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Table 2.4

Ectotrophic root-infecting complexes identified in Greens 2 and 12 at Mississippi
State University Golf Institute in 2017 and 2018.

---------------------------------------------------- Green 2 --------------------------------------------------------- 2017 -------

------- 2018 ------

Complex (%)

Gg

G sp.

Cc

Mc

Complex (%)

7.0

+

+

+

+

-----

13.0

+

+

+

-----

1.5

+

+

+

-----

+

+

50.0

28.0

+

1.5

+

1.5

+

1.5

+

31.0

+

-----

+

-----

+

7.0

+

+

-----

+

47.0

+

1.5

--------------------------------------------------- Green 12 -------------------------------------------------Complex (%)

Gg

G sp.

Cc

Mc

Complex (%)

7.5

+

+

+

+

15.0

14.0

+

+

+

14.0

15.0

+

+

+

6.0

+

+

27.0

+

12.0

+

12.0

+

3.0

----59.0

+
+

-----

+

1.5
-----

+
+

+

1.5

36

Table 2.5

The spatial autocorrelation of selected ectotrophic root-infecting fungi for Green 2 across years 2017 and 2018.
------------------------------- 2017 -----------------------------LISAu

High- LowHighv Loww

Outlierx

Moran’s
I Valuey

Pseudo
p-valuez

----------------------------- 2018 --------------------------LISA

High- LowHigh Low

Outlier

Moran’s
I Value

Pseudo
p-value

Gaeumannomyces
graminis
10
1
0
9
-0.030
0.410
------------------------Gaeumannomyces
sp.
11
0
7
4
-0.047
0.354
8
0
6
2
-0.002
0.172
Candidacolonium
cynodontis
7
0
0
7
-0.069
0.243
7
0
3
4
-0.032
0.103
Magnaporthiopsis
cynodontis
8
2
4
2
0.396
0.001
14
5
9
0
0.437
0.001
u
Column indicates local areas of spatial autocorrelation (LISA) that were significant in number of areas of interest (AOI).
v
Indicates AOIs that clustered with high values of inoculum density (shared high values of inoculum density with neighbors).
w
Indicates AOIs that clustered with low values of inoculum density (shared low values of inoculum density with neighbors).
x
Indicates AOIs that were significant without clustering (no neighborhood effect).
y
Positive Moran’s I values with a significant pseudo p-value indicate clustering, negative Moran’s I values with a significant pseudo
p-value indicate uniformity, and Moran’s I values (positive or negative) with a pseudo p-value that is not significant indicate
randomness.
z
Significant pseudo p-values are indicated by values less than 0.05 and were set at 999 permutations of each fungal dataset.
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Green 12
Gaeumannomyces graminis
Gaeumannomyces graminis was identified in 95% of AOIs with an inoculum density of
24:1 in 2017 and in 48% of AOIs with an inoculum density of 1.4:1 in 2018. In total, G.
graminis was identified in 95% of AOIs across both growing seasons (Fig. 2.14). The inoculum
density of G. graminis was greater than the other selected ERI fungi in 2017; however, was
similar to these fungi in 2018 (Table 2.6). The inoculum density was greater for G. graminis in
2017 as compared to 2018 (Table 2.7). Gaeumannomyces graminis was identified in five
different fungal complexes across both growing seasons (Fig. 2.15; Table 2.4). Spatial
autocorrelation for the distribution and inoculum density of G. graminis was random (Table 2.8).

Figure 2.14

The fungal distribution of Gaeumannomyces graminis within Green 12, 2017 (left)
and 2018 (right). The yellow squares indicate areas of positive identification.
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Figure 2.15

Ectotrophic root-infecting fungal complexes in 2017 and 2018 samplings in Green 12. Gg = Gaeumannomyces
graminis, Gsp = Gaeumannomyces sp., Mc = Magnaporthiopsis cynodontis, and Cc = Candidacolonium cynodontis.
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Gaeumannomyces sp.
Gaeumannomyces sp. was identified in 20% of AOIs with an inoculum density of 0.2:1 in
2017 and in 70% of AOIs with an inoculum density of 1:1 in 2018. In total, G. sp. was identified
in 73% of AOIs across both growing seasons (Fig. 2.16). The inoculum density of G. sp. was less
than G. graminis but was similar to C. cynodontis and M. cynodontis in 2017 (Table 2.6). The
inoculum density of G. sp. was less in 2017 than 2018 (Table 2.7). Gaeumannomyces sp. was
identified in five different fungal complexes across both growing seasons (Fig. 2.15; Table 2.4).
The distribution and inoculum density of G. sp. was random based on spatial autocorrelation
(Table 2.8).

Figure 2.16

The fungal distribution of Gaeumannomyces sp. within Green 12, 2017 (left) and
2018 (right). The blue squares indicate areas of positive identification.

Candidacolonium cynodontis
Candidacolonium cynodontis was identified in 24% of AOIs with an inoculum density of
9:l in 2017 and in 51% of AOIs with an inoculum density of 3.3:l in 2018. In total, C. cynodontis
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was identified in 61% of AOIs across both growing seasons (Fig. 2.17). The inoculum density of
C. cynodontis was less than G. graminis but similar to G. sp. and M. cynodontis in 2017 (Table
2.6). The inoculum density of C. cynodontis did not differ across growing seasons (Table 2.7).
Candidacolonium cynodontis was identified in four different fungal complexes across both
growing seasons (Fig. 2.15; Table 2.4). Spatial autocorrelation of the distribution and inoculum
density for C. cynodontis was random (Table 2.8).

Figure 2.17

The fungal distribution of Candidacolonium cynodontis within Green 12, 2017
(left) and 2018 (right). The purple squares indicate areas of positive identification.

Magnaporthiopsis cynodontis
Magnaporthiopsis cynodontis was identified in 98% of AOIs with an inoculum density of
0.004:1 in 2017 and in 97% of AOIs with an inoculum density of 0.018:1 in 2018. In total, M.
cynodontis was identified in 100% of AOIs across both growing seasons (Fig. 2.18). The
inoculum density of M. cynodontis was less than G. graminis but similar to G. sp. and C.
cynodontis in 2017 (Table 2.6). The inoculum density was lower for M. cynodontis in 2017 than
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2018 (Table 2.7). Magnaporthiopsis cyndontis was identified in seven different fungal
complexes across both growing seasons (Fig. 2.15; Table 2.4). Spatial autocorrelation of the
distribution and inoculum density for M. cynodontis was random for 2017 and clustered for 2018
(Table 2.8).

Figure 2.18

The fungal distribution of Magnaporthiopsis cynodontis within Green 12, 2017
(left) and 2018 (right). The orange squares indicate areas of positive identification.
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Table 2.6

The inoculum density of select ectotrophic root-infecting fungi in Green 12 in
2017 and 2018.

----------- 2017 --------------------- 2018 ----------z
Gaeumannomyces graminis
2,384,304.0 a
91,467.0
Gaeumannomyces sp.
19,413.0 b
97,830.0
Candidacolonium cynodontis
292,401.0 b
56,747.0
Magnaporthiopsis cynodontis
112.0 b
611.0
z
Means within column followed by the same letter are not significantly different according to
Tukey’s HSD p ≤ 0.05.

Table 2.7
Growing
Season
2017
2018

Inoculum density of select ectotrophic root-infecting fungi in Green 12 in 2017
and 2018.
Gaeumannomyces
graminis
2,384,304.0 az
91,467.0 b

Gaeumannomyces
sp.
19,413.0 b
97,830.0 a

z

Candidacolonium
cynodontis
292,401.0
56,747.0

Magnaporthiopsis
cynodontis
112.0 b
611.0 a

Means within column followed by the same letter are not significantly different according to
Tukey’s HSD p ≤ 0.05.
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Table 2.8

The spatial autocorrelation of selected ectotrophic root-infecting fungi for Green 12 across years 2017 and 2018.
--------------------------------- 2017 ----------------------------LISAu

High- LowHighv Loww

Outlierx

Moran’s
I Valuey

Pseudo
p-valuez

----------------------------- 2018 --------------------------LISA

High- LowHigh Low

Outlier

Moran’s
I Value

Pseudo
p-value

Gaeumannomyces
graminis
15
2
10
3
0.024
0.134
5
0
1
4
-0.064
0.293
Gaeumannomyces
sp.
3
0
0
3
-0.011
0.218
6
1
2
3
0.002
0.161
Candidacolonium
cynodontis
5
0
0
5
-0.084
0.07
7
0
3
4
-0.020
0.172
Magnaporthiopsis
cynodontis
6
2
2
2
0.111
0.082
9
2
3
4
0.177
0.03
u
Column indicates local areas of spatial autocorrelation (LISA) that were significant in number of areas of interest (AOI).
v
Indicates AOIs that clustered with high values of inoculum density (shared high values of inoculum density with neighbors).
w
Indicates AOIs that clustered with low values of inoculum density (shared low values of inoculum density with neighbors).
x
Indicates AOIs that were significant without clustering (no neighborhood effect).
y
Positive Moran’s I values with a significant pseudo p-value indicate clustering, negative Moran’s I values with a significant pseudo
p-value indicate uniformity, and Moran’s I values (positive or negative) with a pseudo p-value that is not significant indicate
randomness.
z
Significant pseudo p-values are indicated by values less than 0.05 and were set at 999 permutations of each fungal dataset.
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Seasonal Plant Health Assessments
Visual Turf Quality
Visual turf quality ratings were assessed to each AOI and were averaged for a monthly
green VTQ rating. The monthly VTQ ratings for Green 2 in the 2017–2018 growing season were
less each month except October when compared with 2018–2019 (Fig. 2.19). Spatial
autocorrelation data of VTQ for Green 2 in 2017–2018 and 2018–2019 growing seasons
indicated clustering for each month except for October in 2018 with pseudo p-values set at 999
permutations (Table 2.9). The September and June VTQ ratings for Green 12 during the 2017–
2018 growing season were reduced (P=0.01; P=0.004, respectively) when compared with 2018–
2019; however, October, April, and May were similar across both growing seasons (Fig. 2.20).
Spatial autocorrelation for VTQ of Green 12 in 2017 indicated clustering for each month,
meaning similarity between neighboring AOIs. The pseudo p-values was set at 999 permutations
(Table 2.9).
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Figure 2.19

Visual turfgrass quality of Green 2 during the 2017-2018 and 2018-2019 growing
seasons.
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Figure 2.20

Visual turfgrass quality of Green 12 during the 2017-2018 and 2018-2019 growing
seasons.
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Table 2.9

The spatial autocorrelation of visual turf quality (VTQ) for Green 2 and 12 during the 2017–2018 and 2018–2019
growing seasons.
-------------------------- 2017–18 ---------------------------------

Green 2

LISA

High- LowHigh Low

------------------------------ 2018–19 --------------------------

Outlier

Moran’s
I Valuez

Pseudo
p-value

LISA

High- LowHigh Low

Outlier

Moran’s
I Value

Pseudo
p-value

September

8

2

1

5

0.197

0.02

10

5

4

1

0.469

0.001

October

11

3

1

7

0.229

0.008

9

0

2

7

0.146

0.062

April

13

2

5

6

0.480

0.001

13

7

5

1

0.593

0.001

May

17

1

3

13

0.237

0.01

39

34

4

1

0.561

0.001

June

11

1

5

5

0.176

0.032

39

34

4

1

0.561

0.001

September

13

6

6

1

0.439

0.001

11

7

2

2

0.530

0.001

October

10

6

3

1

0.468

0.001

9

6

2

1

0.489

0.001

April

11

7

3

1

0.469

0.001

16

7

8

1

0.742

0.001

May

12

7

3

2

0.559

0.001

8

1

3

4

0.249

0.004

Green 12

June
11
4
6
1
0.549
0.001
8
1
3
4
0.249
0.004
Column indicates local areas of spatial autocorrelation (LISA) that were significant in number of areas of interest (AOI).
v
Indicates AOIs that clustered with high values of inoculum density (shared high values of inoculum density with neighbors).
w
Indicates AOIs that clustered with low values of inoculum density (shared low values of inoculum density with neighbors).
x
Indicates AOIs that were significant without clustering (no neighborhood effect).
y
Positive Moran’s I values with a significant pseudo p-value indicate clustering, negative Moran’s I values with a significant pseudo
p-value indicate uniformity, and Moran’s I values (positive or negative) with a pseudo p-value that is not significant indicate
randomness.
z
Significant pseudo p-values are indicated by values less than 0.05 and were set at 999 permutations of each fungal dataset.
u
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Normalized Difference Vegetation Indices
Normalized difference vegetation indices (NDVI) were assessed for Green 2 using a
Micasense Rededge 3 multispectral camera during the 2017–2018 and 2018–2019 growing
seasons. Each pixel in Green 2 was assigned an NDVI value. The NDVI value per AOI consisted
of an average of its pixels. The monthly NDVI ratings for Green 2 in the 2017–2018 growing
season were less for each month compared to 2018–2019 (Fig. 2.21). The spatial autocorrelation
of NDVI for Green 2 in 2017–2018 and 2018–2019 growing seasons indicated clustering for
each month except for May 2017 with pseudo p-values set at 999 permutations (Table 2.10). The
monthly NDVI for Green 12 in the 2017–2018 growing season was less for each month
compared to 2018–2019 (Fig. 2.22). Spatial autocorrelation of NDVI for Green 12 in the 2017–
2018 and 2018–2019 growing seasons indicated clustering for each month except October 2017
that was random. The pseudo p-values were set at 999 permutations (Table 2.10).
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Figure 2.21

Normalized difference vegetation index for Green 2 during the 2017-2018 and
2018-2019 growing seasons.
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Figure 2.22

Normalized difference vegetation index for Green 12 during the 2017-2018 and
2018-2019 growing seasons.
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Table 2.10

The spatial autocorrelation of normalized difference vegetation indices (NDVI) for Greens 2 and 12 during the 2017–
2018 and 2018–2019 growing seasons.
----------------------------- 2017–18 ----------------------------- ------------------------------ 2018–19 --------------------------

Green 2

LISA

HighHigh

LowLow Outlier

Moran’s
I Valuez

Pseudo
p-value

LISA

HighHigh

LowLow Outlier

Moran’s
I Value

Pseudo
p-value

September

10

6

2

2

0.222

0.009

11

1

7

3

0.234

0.006

October

8

2

6

0

0.354

0.001

15

7

7

1

0.483

0.001

April

7

1

6

0

0.364

0.002

9

1

8

0

0.208

0.022

May

8

1

6

1

0.130

0.075

9

1

7

1

0.311

0.003

June

15

3

10

2

0.391

0.001

18

10

6

2

0.460

0.001

September

15

11

4

0

0.459

0.001

15

9

4

2

0.514

0.001

October

7

5

1

1

0.091

0.113

11

7

4

0

0.676

0.001

April

5

3

1

1

0.215

0.004

7

3

4

0

0.388

0.001

May

12

4

7

1

0.365

0.001

11

10

1

0

0.284

0.001

Green 12

June
12
5
6
1
0.405
0.001
12
9
3
0
0.259
0.003
Column indicates local areas of spatial autocorrelation (LISA) that were significant in number of areas of interest (AOI).
v
Indicates AOIs that clustered with high values of inoculum density (shared high values of inoculum density with neighbors).
w
Indicates AOIs that clustered with low values of inoculum density (shared low values of inoculum density with neighbors).
x
Indicates AOIs that were significant without clustering (no neighborhood effect).
y
Positive Moran’s I values with a significant pseudo p-value indicate clustering, negative Moran’s I values with a significant pseudo
p-value indicate uniformity, and Moran’s I values (positive or negative) with a pseudo p-value that is not significant indicate
randomness.
z
Significant pseudo p-values are indicated by values less than 0.05 and were set at 999 permutations of each fungal dataset.
u

52

Discussion
Until recently, G. graminis has been considered the causal agent of BD; however, Elliott
and Landschoot suggested that a complex of Gaeumannomyces spp. and other ERI fungi, not
identified at the time, may be involved in the root rot associated with BD (Elliott, 1991; Elliott
and Landschoot, 1991). Research by Vines (2015) defined a new paradigm that showed at least
three novel ERI fungi were associated with root colonization and rot of UDB roots, but to what
extent? The research presented herein took into consideration two MS-Supreme putting greens,
one asymptomatic and the other symptomatic for BD. An extensive sampling method was
developed based on specific points of latitude and longitude, designed using a fishnet grid for
each green. This method afforded the opportunity for intensive sampling at the same AOI within
each putting green across two growing seasons. Each ERI fungus was distributed throughout
both greens based on two rapid qPCR multiplex assays for identification and inoculum
quantification. The inoculum densities of each ERI fungus ranged from less than 1000 to greater
than two million DNA copies per root sample. This approach was more time efficient than fungal
isolation or fungal sequencing for intensive sampling because all selected ERI fungi were
identified in both greens across both growing seasons with rapid detection (Elliott and
Landschoot, 1991; Hernandez-Restrepo et al., 2016). Fungal isolation in place of multiplex
qPCR would be exhaustive and time consuming and fungal sequencing would only indicate the
most predominant fungus identified within a DNA sample, excluding fungi that could be vital to
understanding disease symptoms. Multiplex qPCR used in this research was successful for the
identification and ultimately the distribution of ERI fungi within an UDB putting green in a
timely manner. Elliott and Landschoot (1991) mentioned the possibility that more than one
fungus, perhaps a complex, closely related to G. graminis, may be involved in the destruction of
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roots associated with BD. This study confirms that a complex of ERI fungi can co-colonize
bermudagrass and demonstrated three genera and four species of ERI fungi were identified in
multiple combinations of root co-colonization in numerous AOIs in both greens across both
years.
The mean root length in the asymptomatic Green 2 was significantly less in 2018 than
2017; however, the average root surface area was significantly greater in 2018. Although a
decrease in root length was observed in 2018, the total surface area increased which may indicate
more robust root growth that is consistent with cultural practices aimed at improving turf health.
Total root length and surface area increased significantly in the BD symptomatic Green 12 from
2017 to 2018. This may be attributed to a healthier environment established by best management
practices between the 2017–2018 and 2018–2019 growing seasons. There were multiple areas
along the southern border of Green 12 where no turf was present in 2017. Mr. Pat Sneed, CGCS,
implemented multiple management strategies to promote turf health in these areas that included
fungicide applications, tree thinning, fertilizer applications, vertical mowing, topdressing, and
core aerification. An increase in root architecture values from 2017 to 2018 is consistent with
these management strategies to improve overall turf health.
A decrease in both occurrence and inoculum density of G. graminis for Green 2 was
observed from 2017 to 2018. The random distribution of G. graminis was limited to only 28% of
AOIs in this green in 2017 but was not identified in any AOI in 2018. There was also a 47%
reduction in the frequency of occurrence for G. graminis in Green 12 from 2017 to 2018. The
decrease within both greens across years was biologically consistent with cultural practices
imiplemented to increase plant health.
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In direct contrast to G. graminis, G. sp. increased in both frequency of occurrence and
inoculum density in Greens 2 and 12 from 2017 to 2018. This inverse relationship may suggest
an antagonistic or suppressive relationship between the two ERI fungi that has been identified in
other root colonizing fungi (Papavizas, 1992; Góes et al., 2002). These results for G. sp. may
suggest a direct relationship with plant health because as plant health increased across years, so
did the occurrence and inoculum density of G. sp.
Both frequency of occurrence and inoculum density of C. cynodontis in Green 2
remained consistent across years. Candidacolonium cynodontis was identified in different AOIs
between the 2017 and 2018 samplings. This may be a direct result of new root growth followed
by colonization of C. cynodontis each growing season during the susceptible period of turf health
from spring green-up to core aerification. In Green 12, C. cynodontis increased in frequency of
occurrence from 2017 to 2018; however, the inoculum density decreased. This increase from one
year to the next may be attributed to the spread of inoculum (colonization of root material)
through cultural practices coupled with less colonization of G. graminis on 2018 roots. Even so,
inoculum density decreased across years suggesting a biological pattern consistent with
managing each green for optimal plant health.
Magnaporthiopsis cynodontis was identified in 90% or more AOIs in both greens each
year with its highest mean inoculum density of 0.019:1 in 2018. These results are consistent with
reports by Bronzato-Badial et al. (2020) and Vines (2015; 2020) that suggests M. cynodontis is
ubiquitous in nature and most likely plays a minor role in BD.
Visual turf quality is an industry standard for turf health assessment (Morris and
Shearman, 1998). The familiarity of VTQ ratings are comfortable to turf managers because of
the simplicity but VTQ has and will always be subjective. The use of NDVI is another method to
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evaluate turf health that is more objective. Ratings of NDVI are quantitative and represent a
mathematical formula that accounts for spectral reflectance of a plant (Hunt et al., 2005). These
ratings illustrate a clearer picture of what is biologically happening in selected areas of turf. A
common flaw in assessing both VTQ and NDVI ratings is using them for purposes outside of
their intended application. One objective of this study was to determine if either VTQ or NDVI
could be used to understand ERI fungal presence that is thought to be related with plant health
through the application of spatial autocorrelation (Garrett, 1970; Clarke and Gould, 1993; Smiley
et al., 2005; Vines, 2015). Univariate Moran’s I and multivariate Moran’s I data were evaluated
for VTQ and NDVI with multivariate data not shown. The univariate data for VTQ indicated all
selected months for both greens except for October 2018 for Green 2 were clustered for VTQ.
Values of VTQ in October 2018 for Green 2 were not similar enough to show clustering
throughout the green, but instead indicated randomness. This may be attributed to how the turf
was nearing dormancy at the time of rating and the values assigned were relative to the amount
of active turf growth within an area; however, multivariate data for VTQ indicated no distinct
relationship between VTQ and ERI fungal presence. Likewise, the univariate data for NDVI
indicated all months for both greens except for October 2017 for Green 12 were clustered. Like
VTQ, values of NDVI were similar enough to show neighborhood effects at differing levels
across months and greens except for October 2017 for Green 12, which was random; however,
multivariate data indicated no distinct relationship between NDVI and ERI fungal presence.
Overall, turf health assessments are intended to provide useful information to the end user.
Spatial autocorrelation used in this study showed VTQ and NDVI were not effective in
predicting ERI fungal presence in a putting green, perhaps due to extraneous environmental
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factors not being considered. More needs to be understood for how these turf health assessments
can directly correlate to the presence of ERI fungi, if at all.
Even so, this research was successful at identifying a complex of ERI fungi present in
two greens at a daily operational golf course using intensive sampling and novel molecular
methods. This research along with Bronzato-Badial et al. (2020) informs golf course
superintendents that a complex of ERI fungi does exist alongside the causal agent G. graminis in
UDB putting greens while also providing a novel way for early detection of these fungi that is
both efficient and rapid. Monitoring plant health and understanding distributions of these fungi
within UDB greens will present the opportunity for golf course superintendents to be prepared
for potential BD problem areas within their greens.
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CHAPTER III
FUNGICIDE SENSITIVITY OF SELECTED ECTOTROPHIC ROOT-INFECTING FUNGI
Introduction
Ectotrophic root-infecting (ERI) fungi are soil-borne fungi that colonize plant root
material (Clarke and Gould, 1993; Tredway, 2006). These fungi are responsible for multiple
diseases that occur on a variety of hosts (Clarke and Gould, 1993). Fungicide options for disease
control focus on broad-spectrum fungicides that are applied frequently on putting surfaces
throughout a growing season. Of those diseases, bermudagrass decline (BD) is a destructive
disease that occurs in ultradwarf bermudagrass (UDB) roots (Smiley et al., 2005). The known
causal agent of BD is Gaeumannomyces graminis (Sacc) Arx & Olivier var. graminis (Elliott,
1991). Magnaporthiopsis cynodontis P.L. Vines & M. Tomaso-Peterson and two novel ERI
fungi (Gaeumannomyces sp. and Candidacolonium cynodontis) have also been identified in
association with BD (Vines, 2015). Fungicides labeled for control of BD include thiophanatemethyl, propiconazole, and a premix of pyraclostrobin + fluxapyroxad. Thiophanate-methyl is in
the benzimidazole class of fungicides (FRAC, 2019). Propiconazole is an active ingredient
within the demethylation inhibitor (DMI) fungicide class (FRAC, 2019). Pyraclostrobin and
fluxapyroxad are in different fungicide classes with pyraclostrobin representing the quinone
outside inhibitors (QoI) and fluxapyroxad representing the succinate dehydrogenase inhibitors
(SDHI) (FRAC, 2019). The two active ingredients make up a premix in a product with the trade
name Lexicon® Intrinsic® (BASF, Florham Park, NJ) for control of bermudagrass decline.
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Although each of these fungicides are from different fungicide classes, all are used for control of
numerous turfgrass diseases, including those caused by ERI fungi. Multiple applications of these
fungicides within a growing season may lead to fungicide resistance issues (Smiley, 1981;
Vincelli and Dixon, 2002; Avila-Adame and Köller, 2003; Wong et al., 2007). The difficulty of
finding locations with minimal exposure to fungicides made obtaining baseline isolates a
problem as well.
Five fungal isolates were studied in this research and include G. graminis isolate DR1-4,
M. cynodontis isolate RS7-2, M. cynodontis isolate RRFCHMP1-3 and two undescribed fungi,
Gaeumannomyces sp. isolate GSGC15-4, and C. cynodontis isolate HP24-3. Gaeumannomyces
graminis isolate DR1-4 was isolated from Dancing Rabbit Golf Club in Choctaw, MS from a
young ‘Champion’ UDB putting green sample. Gaeumannomyces sp. isolate GSGC15-4 was
isolated from Greystone Golf Club in Birmingham, AL from a Champion UDB green sample.
Candidacolonium cynodontis isolate HP24-3 was isolated from Hermann Park Golf Course in
Houston, TX from a Tifdwarf UDB green sample. Magnaporthiopsis cynodontis isolate RS7-2
was isolated from Redstone Golf Club (formerly The Golf Club of Houston) in Houston, TX
from a Champion UDB green sample. Magnaporthiopsis cynodontis isolate RRFCHMP1-3 was
isolated from the Rodney R. Foil Research Center in Starkville, MS on a Champion UDB green
sample.
The objective of this study was to determine the sensitivity of selected ERI fungi to
fungicides labeled for control of bermudagrass decline through in vitro fungicide sensitivity
assays.
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Materials and Methods
In vitro assays were conducted to expose G. graminis isolate DR1-4, G. sp. isolate
GSGC15-4, C. cynodontis isolate HP24-3, M. cynodontis isolate RS7-2, and M. cynodontis
isolate RRFCHMP1-3 to four classes of fungicides. These included a methyl benzimidazole
carbamate (MBC), a succinate dehydrogenase inhibitor (SDHI), a demethylation inhibitor
(DMI), and a quinone outside inhibitor (QoI). All fungicides were technical grade and included
the MBC, thiophanate-methyl (97%), the SDHI, fluxapyroxad (98.6%), the DMI, propiconazole
(98.6%), and the QoI, pyraclostrobin (99.5%). Each technical grade fungicide was dissolved in
1.0 ml of acetone to achieve 10,000 µg/ml. A ten-fold serial dilution was used to acquire stock
concentrations of 0.0001, 0.001, 0.01, 0.1, 1, 10, and 100 µg/ml, all of which consisted of 1-part
fungicide to 9-parts acetone in 1.0 ml. Each assay consisted of seven fungicide concentrations
and a non-amended control. Salicylhydroxamic acid (SHAM) was included in the pyraclostrobin
assays to inhibit the alternate oxidative pathway of the fungus (Wood and Holloman, 2003). A
stock solution of SHAM (30,000 µg/ml) was achieved by combining 0.3g of SHAM with a 1:1
ratio (2.5 ml each) of acetone and methanol for a concentration of 60 µg/ml. Each pyraclostrobin
concentration of amended potato dextrose agar (PDA) included SHAM (1.0 ml/L) excluding the
control. All fungicide assays included 15 ml of fungicide amended or non-amended PDA added
to 9 cm petri plates (Fisherbrand, Fisher Scientific, Pittsburgh, PA). A 6 mm inverted hyphal
plug from a 7-day-old colony of each ERI fungus was placed in the center of each amended and
non-amended plate and incubated in the dark at 26ºC. Due to the variability of growth, G.
graminis DR1-4 incubated for seven days, C. cynodontis HP24-3 for 11 days, and the remaining
three fungi for 14 days. Three replicates were included for each fungus by fungicide
concentration and each fungicide assay was repeated twice. Radial growth was measured in four
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perpendicular directions at the conclusion of each incubation period for all experimental units.
Percent relative growth was determined for each fungus by fungicide concentration using the
average radial growth in fungicide amended medium divided by the average radial growth in the
non-amended control and multiplied by 100%. Linear regression using PROC REG in SAS 9.4
(SAS Institute, Cary, NC) was used to determine the effective concentration to inhibit 50%
colony growth (EC50) using the following equation: fungicide 50% = ex[ (50 – b0) / b1] where ex =
2.71828, b0 = intercept, and b1 = slope (Wong and Wilcox, 2002; Wong et al., 2007; Young et
al., 2010). The EC50 values were determined for each experimental unit within each fungicide
assay. The EC50 values for each fungus across all fungicides as well as fungi for each fungicide
was subjected to an ANOVA using PROC GLM in SAS 9.4. For each fungus by experiment
within a fungicide assay, the EC50 values were pooled as experiment was not significant. Means
separation was determined by Tukey’s honest significant difference test with a significance level
of α=0.05.
Results
Gaeumannomyces graminis isolate DR1-4
Fluxapyroxad had no inhibitory effect at any fungicide concentration when G. graminis
was incubated seven days (Fig. 3.1). Gaeumannomyces graminis was sensitive to fungicide
concentrations as low as 0.1 ppm when exposed to thiophanate-methyl, propiconazole, and
pyraclostrobin. The mean relative growth ranged from 0 to 29% for these three fungicides at 100
ppm (Figs. 3.1 and 3.2). The EC50 values of the four selected fungicides ranged from 7.7 to
greater than 100 ppm. The EC50 value for fluxapyroxad was greater than thiophanate-methyl,
propiconazole, and pyraclostrobin. The EC50 value for pyraclostrobin was less than that of
thiophanate-methyl and similar to that of propiconazole (Table 3.1). Gaeumannomyces graminis
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was similar to all isolates when comparing EC50 values within thiophanate-methyl and
fluxapyroxad. Gaeumannomyces graminis was more sensitive to propiconazole than C.
cynodontis and M. cynodontis RS7-2. For pyraclostrobin, G. graminis was similar to C.
cynodontis and both M. cynodontis isolates, but more sensitive than G. sp. (Table 3.1).
Gaeumannomyces sp. isolate GSGC15-4
Gaeumannomyces sp. was not inhibited at any fungicide concentration of fluxapyroxad
(Fig. 3.3). The sensitivity of G. sp. was variable when exposed to thiophanate-methyl,
propiconazole, and pyraclostrobin ranging from 0.01 to 10 ppm. The mean relative growth for
these three fungicides at 100 ppm ranged from 0 to 74% (Figs. 3.3 and 3.4). The EC50 values
ranged from 9.21 to greater than 100 ppm across all fungicides. Fluxapyroxad had the greatest
EC50 value for G. sp. among the four fungicides (Table 3.1). The EC50 value for propiconazole
was less than that of pyraclostrobin and similar to that of thiophanate-methyl (Table 3.1).
Gaeumannomyces sp. was similar to all isolates when comparing EC50 values within
fluxapyroxad. For thiophanate-methyl, G. sp. was similar to G. graminis and both M. cynodontis
isolates, but less sensitive than C. cynodontis. For propiconazole, G. sp. was similar to G.
graminis and M. cynodontis RRFCHMP1-3 and more sensitive than C. cynodontis and M.
cynodontis RS7-2. Gaeumannomyces sp. was less sensitive than all isolates when EC50 values
were compared within pyraclostrobin (Table 3.1).
Candidacolonium cynodontis isolate HP24-3
Candidacolonium cynodontis was not inhibited at any fungicide concentration of
fluxapyroxad (Figure 3.5). Candidacolonium cynodontis was sensitive at various concentrations
as low as 0.1 to 10 ppm for thiophanate-methyl, propiconazole, and pyraclostrobin. The relative
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growth of C. cynodontis ranged from 0 to 75% for these three fungicides at 100 ppm (Figs. 3.5
and 3.6). The EC50 values ranged from 2.34 to greater than 100 ppm across all fungicides.
Fluxapyroxad had the greatest EC50 value for C. cynodontis among the four fungicides. The EC50
values for both thiophanate-methyl and pyraclostrobin were similar but less than that of
propiconazole (Table 3.1). Candidacolonium cynodontis was similar to all isolates when
comparing EC50 values within fluxapyroxad. For thiophanate-methyl, C. cynodontis was more
sensitive than G. sp., but had similar EC50 values to G. graminis and both M. cynodontis isolates.
The sensitivity of C. cynodontis to propiconazole was similar to M. cynodontis RS7-2, but less
sensitive than both Gaeumannomyces isolates and M. cynodontis RRFCHMP1-3. For
pyraclostrobin, the sensitivity of C. cynodontis was similar to G. graminis, and both M.
cynodontis isolates, but more sensitive than G. sp. (Table 3.1).
Magnaporthiopsis cynodontis isolate RS7-2
Magnaporthiopsis cynodontis isolate RS7-2 was not inhibited at any fungicide
concentration of fluxapyroxad (Figure 3.7). A lack of sensitivity for M. cynodontis when exposed
to thiophanate-methyl, propiconazole, and pyraclostrobin was observed at concentrations ranging
from 0.1 to 10 ppm. The relative growth observed for all fungicides at 100 ppm ranged from 0 to
78% (Figs. 3.7 and 3.8). An EC50 value for fluxapyroxad was not determined due to erratic
colony growth. The EC50 values for the remaining fungicides ranged from 8.45 to 79.42 ppm.
The EC50 values of thiophanate-methyl and pyraclostrobin were similar but less than that of
propiconazole (Table 3.1). Magnaporthiopsis cynodontis RS7-2 was similar to all isolates when
comparing EC50 values within thiophanate-methyl. For propiconazole, the sensitivity of M.
cynodontis RS7-2 was similar to C. cynodontis but less sensitive than both Gaeumannomyces
isolates and M. cynodontis RRFCHMP1-3. The sensitivity of M. cynodontis RS7-2 when
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exposed to pyraclostrobin was less than G. sp., but similar to G. graminis, C. cynodontis, and M.
cynodontis RRFCHMP1-3 (Table 3.1).
Magnaporthiopsis cynodontis isolate RRFCHMP1-3
Magnaporthiopsis cynodontis isolate RRFCHMP1-3 was not inhibited at any fungicide
concentration of fluxapyroxad (Figure 3.9). The sensitivity of M. cynodontis to thiophanatemethyl, propiconazole, and pyraclostrobin ranged from 0.1 to 10 ppm, but, as with M. cynodontis
RS7-2, relative growth was observed at 100 ppm and ranged from 0 to 38% for all fungicides
(Figs. 3.9 and 3.10). The EC50 values of M. cynodontis RRFCHMP1-3 ranged from 12.2 to
greater than 100 ppm for all fungicides. Fluxapyroxad had the greatest EC50 value for M.
cynodontis isolate RRFCHMP1-3 among the selected fungicides studied. The sensitivity of M.
cynodontis to thiophanate-methyl, propiconazole, and pyraclostrobin was similar (Table 3.1).
Magnaporthiopsis cynodontis RRFCHMP1-3 was similar to all isolates when comparing EC50
values within thiophanate-methyl and fluxapyroxad. For propiconazole, M. cynodontis
RRFCHMP1-3 had EC50 values similar to both Gaeumannomyces isolates but was more
sensitive than M. cynodontis RS7-2 and C. cynodontis. Magnaporthiopsis cynodontis
RRFCHMP1-3 was more sensitive than G. sp. when exposed to pyraclostrobin, but shared
similar sensitivity to G. graminis, C. cynodontis, and M. cynodontis RS7-2 (Table 3.1).
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Figure 3.1

The dose response curve of Gaeumannomyces graminis isolate DR1-4 exposed to
concentrations of selected fungicides following a 7-day incubation period at 26°C
in the dark.
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Figure 3.2

A comparison of non-amended media vs 100µg/ml for Gaeumannomyces graminis
isolate DR1-4 across four selected fungicides. Column A represents a replicate of
non-amended media for all fungicides whereas column B represents a replicate of
100µg/ml for all fungicides. Row 1 = thiophanate-methyl; Row 2 = fluxapyroxad;
Row 3 = propiconazole; Row 4 = pyraclostrobin.
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Figure 3.3

The dose response curve of Gaeumannomyces sp. isolate GSGC15-4 exposed to
concentrations of selected fungicides following a 14-day incubation period at 26°C
in the dark.
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Figure 3.4

A comparison of non-amended media vs 100µg/ml for Gaeumannomyces sp.
isolate GSGC15-4 across four selected fungicides. Column A represents a replicate
of non-amended media for all fungicides whereas column B represents a replicate
of 100µg/ml for all fungicides. Row 1 = thiophanate-methyl; Row 2 =
fluxapyroxad; Row 3 = propiconazole; Row 4 = pyraclostrobin.
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Figure 3.5

The dose response curve of Candidacolonium cynodontis isolate HP24-3 exposed
to concentrations of selected fungicides following a 11-day incubation period at
26°C in the dark.
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Figure 3.6

A comparison of non-amended media vs 100µg/ml for Candidacolonium
cynodontis isolate HP24-3 across four selected fungicides. Column A represents a
replicate of non-amended media for all fungicides whereas column B represents a
replicate of 100µg/ml for all fungicides. Row 1 = thiophanate-methyl; Row 2 =
fluxapyroxad; Row 3 = propiconazole; Row 4 = pyraclostrobin.

72

Figure 3.7

The dose response curve of Magnaporthiopsis cynodontis isolate RS7-2 exposed to
concentrations of selected fungicides following a 14-day incubation period at 26°C
in the dark.
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Figure 3.8

A comparison of non-amended media vs 100µg/ml for Magnaporthiopsis
cynodontis isolate RS7-2 across four selected fungicides. Column A represents a
replicate of non-amended media for all fungicides whereas column B represents a
replicate of 100µg/ml for all fungicides. Row 1 = thiophanate-methyl; Row 2 =
fluxapyroxad; Row 3 = propiconazole; Row 4 = pyraclostrobin.

74

Figure 3.9

The dose response curve of Magnaporthiopsis cynodontis isolate RRFCHMP1-3
exposed to concentrations of selected fungicides following a 14-day incubation
period at 26°C in the dark.
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Figure 3.10

A comparison of non-amended media vs 100µg/ml for Magnaporthiopsis
cynodontis isolate RRFCHMP1-3 across four selected fungicides. Column A
represents a replicate of non-amended media for all fungicides whereas column B
represents a replicate of 100µg/ml for all fungicides. Row 1 = thiophanate-methyl;
Row 2 = fluxapyroxad; Row 3 = propiconazole; Row 4 = pyraclostrobin.
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Table 3.1

The effective concentration to inhibit colony growth by 50%, EC50 (ppm), of each ectotrophic root-infecting fungus
when exposed to thiophanate-methyl, fluxapyroxad, propiconazole, and pyraclostrobin at 26°C in the dark for 7 to 14
days specific to each fungus.

Thiophanate-methyl Fluxapyroxad Propiconazole Pyraclostrobin
Gaeumannomyces graminis (DR1-4)
15.6 abz By
>100.0 a A
11.8 b BC
7.7 b C
Gaeumannomyces sp. (GSGC15-4)
27.0 a BC
>100.0 a A
9.2 b C
54.1 a B
Candidacolonium cynodontis (HP24-3)
2.3 b C
>100.0 a A
60.8 a B
4.7 b C
Magnaporthiopsis cynodontis (RS7-2)
17.8 ab B
----79.4 a A
8.5 b B
Magnaporthiopsis cynodontis (RRFCHMP1-3)
12.2 ab B
>100.0 a A
19.9 b B
13.8 b B
z
Means within column followed by the same lowercase letter are not significantly different according to Tukey’s HSD p ≤ 0.05.
y
Means within rows followed by the same capital letter are not significantly different according to Tukey’s HSD p ≤ 0.05.
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Discussion
A discriminatory dose is used to determine a resistant fungal isolate to a fungicide
(Young et al., 2010; Wong et al., 2007). Young et al. (2010) and Wong et al. (2007) described
discriminatory doses for thiophanate-methyl and strobilurin fungicides at 10 ppm and 8 ppm,
respectively. Fungi that are sensitive to a certain fungicide may fall within a range of EC50 values
that are less than 1.0 (Jo et al., 2006; Kerns et al., 2009; Becton, 2019). In this study the lowest
EC50 value was recorded for C. cynodontis isolate HP24-3 to thiophanate-methyl at 2.34 ppm.
These results may indicate one of two conclusions, either none of the ERI fungal isolates
evaluated in this study are sensitive to the selected fungicides, or the EC50 values presented in
this research are not excessive for these novel ERI fungi. However, not having baseline isolates
(no fungicide exposure) for comparison makes this conclusion ambiguous. Research by Stephens
et al. (2019) indicates similar results to this study regarding relative growth of the same ERI
fungi to propiconazole, pyraclostrobin, and fluxapyroxad with no baseline isolates available for
comparison. Three of the four ERI fungi evaluated in this study and that of Stephens (2019) have
just recently been discovered. Cryptic isolates are not available in herbaria or fungorums to use
for comparisons. Therefore, based on fungicide efficacy assay results to date, we can assume
these fungi lack varying degrees of sensitivity to the fungicides currently labeled for control of
BD.
Gaeumannomyces graminis, DR1-4, was isolated from a Champion UDB putting green at
Dancing Rabbit Golf Club in Choctaw, MS. At this facility there are two 18-hole courses that
were once grassed with bentgrass greens due to its desirable putting surface, but within the past
ten years converted to UDB greens. The site that isolate DR1-4 originated from was a young (⁓
five yrs.) Champion green established by the no-till method using sprigs. No-till greens
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renovation has the potential to harbor fungal pathogens in the residual thatch/mat layer of the
previous turf. Young greens are more likely to show symptoms of BD or other ERI- related
diseases mainly due to fungal infestation on sprigs and the vulnerability of young, establishing
roots. Gaeumannomyces sp., GSGC15-4, originated from a Greystone Golf Club sample in
Birmingham, AL. Greystone also has two 18-hole courses that once had bentgrass greens but has
since converted to Champion UDB. GSGC15-4 was isolated from a sample originating on a
newly established green, again, using no-till renovation. Candidacolonium cynodontis, HP24-3,
originated from Hermann Park Golf Course in Houston, TX. Hermann Park is a municipal course
that maintains TifDwarf hybrid bermudagrass greens. The sample that isolate HP24-3 originated
from was root material in a green that was over 20 years old. Fungi that are present from
establishment may lead to an increase in inoculum density within older greens. An increase of
inoculum over time may lead to increased disease symptoms as newly developed roots in each
growing season may not be able to out-compete the fungal infestation and infection.
Magnaporthiopsis cynodontis, RS7-2, originated from Redstone Golf Club (renamed Golf Club
of Houston) in Houston, TX. The greens at Redstone were Champion UDB greater than 5-yearsold. Bermudagrass decline samples were collected from 2007 to 2012 with RS7-2 being
identified in a 2012 sample. Greens that are older are also at risk of having more exposure to
fungicide inputs for disease control. The final isolate studied was M. cynodontis, RRFCHMP1-3,
that originated from the Rodney R. Foil Research Center turfgrass research green in Starkville,
MS. This isolate was recovered from a sample of Champion UDB (4-year-old) root material in
2012. The green where RRFCHMP1-3 was isolated differs from the other greens in cultural
practices, foot traffic, and fungicide inputs. These inputs for the research green prior to 2012
were minimal compared with normal operations of high-end golf courses. Fungicide exposure
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prior to 2012 primarily consisted of foliar applications of strobilurins (QoI) within an
experimental design as opposed to a blanket application for the grassed area.
Each isolate had different growth habits in culture. A 7-day incubation period was
determined for G. graminis DR1-4 and no unique growth patterns presented challenges in
culturing. An 11-day and 14-day incubation period was established for C. cynodontis HP24-3
and M. cynodontis RRFCHMP1-3, respectively. Both isolates G. sp. GSGC15-4 and M.
cyndontis RS7-2 presented multiple challenges in culturing for fungicide sensitivity assays. The
first challenge being a 14-day incubation period. Colony growth was inconsistent for isolate
GSGC15-4 to the extreme that three replicates within the same fungicide concentration was
highly variable. For example, if fungal inhibition was recorded for replicate 1 at 1.0 ppm,
replicates 2 and 3 would have zero growth at 1.0 ppm because the fungus never grew from the
hyphal plug. This problem led to many repeated experiments to achieve a minimal level of
consistency for each fungicide concentration throughout each experiment. It was also difficult to
confirm fungicide activity compared to the natural inactive growth of the fungus. Some fungal
replicates would not exhibit hyphal growth randomly throughout experiments and to avoid a
false positive of fungicide activity, that experiment would be repeated. In later experiments,
fungal stock cultures were transferred to potato dextrose agar amended with ampicillin for
potential bacterial contamination and fenpropathrin for mite control. These amendments
improved consistency of colony growth. Isolate RS7-2 also had trouble growing consistently.
The main issue with this isolate was the growth of the fungus in non-amended media. Although
slow, RS7-2 grew consistently in fungicide-amended media; however, the fungus would often
fail to grow or grow much slower on non-amended media. This problem required multiple
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experiments be repeated and ultimately resulted in no distinguishable EC50 values for
fluxapyroxad.
Even so, in vitro fungicide sensitivity assays resulted in EC50 values for all fungal isolates
that indicate a lack of sensitivity to the fungicides evaluated herein. Future research should
identify the molecular mechanisms of resistance for each ERI fungus.
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